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ABSTRACT
Fluorescence and thermal imaging were used to examine
the dynamics of stomatal patches for a single surface of
Xanthium strumarium L. leaves following a decrease in
ambient humidity. Patches were not observed in all experiments, and in many experiments the patches were shortlived. In some experiments, however, patches persisted for
many hours and showed complex temporal and spatial patterns. Rapidly sampled fluorescence images showed that
the measurable variations of these patches were sufficiently
slow to be captured by fluorescence images taken at 3-min
intervals using a saturating flash of light. Stomatal patchiness with saturating flashes of light was not demonstrably
different from that without saturating flashes of light, suggesting that the regular flashes of light did not directly cause
the phenomenon. Comparison of simultaneous fluorescence and thermal images showed that the fluorescence
patterns were largely the result of stomatal conductance
patterns, and both thermal and fluorescence images showed
patches of stomatal conductance that propagated coherently across the leaf surface. These nondispersing patches
often crossed a given region of the leaf repeatedly at regular intervals, resulting in oscillations in stomatal conductance for that region. The existence of these coherently
propagating structures has implications for the mechanisms
that cause patchy stomatal behaviour as well as for the
physiological ramifications of this phenomenon.
Key-words: chlorophyll fluorescence; patchy; stomata;
stomatal conductance; thermal imaging.

INTRODUCTION
Stomatal responses to environmental stimuli are sometimes
markedly heterogeneous (for reviews see Terashima 1992;
Beyschlag & Eckstein 1998; Mott & Buckley 1998, 2000).
Even under apparently uniform environmental conditions,
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groups of dozens to thousands of stomata can behave differently from stomata in adjacent areas. When this occurs,
the result is a patchy distribution of stomatal conductance
across the leaf surface, which can have important implications for the interpretation of gas-exchange measurements
(Terashima et al. 1988; Meyer & Genty 1998; Buckley, Farquhar & Mott 1999), and poses problems in scaling guard
cell processes to leaf level stomatal conductance (Buckley,
Farquhar & Mott 1997). Patchy stomatal conductance is not
detectable with gas-exchange measurements, so it has been
studied with techniques such as starch staining (Terashima
et al. 1988), pressure infiltration (Beyschlag & Pfanz 1992)
and autoradiography (Wise, Ortiz-Lopez & Ort 1992).
These techniques are destructive and therefore of limited
use in studying the dynamics of stomatal patches.
Imaging of chlorophyll fluorescence provides a nondestructive technique for determining the spatial distribution of photosynthesis. If there are no changes in intrinsic
photosynthetic capacity, then such images can also be interpreted in terms of stomatal conductance distributions
(Daley et al. 1989; Meyer & Genty 1998).
Several studies have documented complex temporal and
spatial patterns of chlorophyll fluorescence in response to
environmental stimuli (Cardon, Mott & Berry 1994; Siebke
& Weis 1995). Fluorescence patches have been found to be
stable, oscillatory, or exhibit unpredictable changes in both
space and time, and most of this behaviour has been attributed to patchy stomatal conductance. These findings have
raised questions about the effect of stomatal patchiness on
gas-exchange optimality and the possible physiological
roles of stomatal patchiness. In addition, the underlying
mechanisms for the formation and dynamics of stomatal
patches remain uncertain. It has been proposed that
hydraulic interactions in the epidermis might serve to coordinate movements of stomata within a patch (Mott,
Denne & Powell 1997; Mott, Shope & Buckley 1999; Mott
& Franks 2001). Computer simulations show that these
hydraulic interactions can produce heterogeneous stomatal
conductance (Haefner, Buckley & Mott 1997), but the simulations lack many aspects of the patch structure and
dynamics seen in leaves.
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Thermography provides another non-destructive technique for studying patchy stomatal conductance. Interpretation of thermal images in terms of stomatal conductance
depends on the fact that leaf temperature is a function of
transpiration and therefore a function of stomatal conductance. There have been fewer studies using thermography
to quantify patchy stomatal conductance, presumably
because the equipment is more expensive and less common
than that required for chlorophyll fluorescence. However,
leaf temperature has enough spatial resolution to yield
information on the variability of stomatal conductance
across a leaf surface (Jones 1999).
A major limitation to developing hypotheses for the
mechanisms of the patch dynamics seen in leaves is the lack
of detailed time-course data that unequivocally represent
stomatal patchiness. Existing data for fluorescence images
are deficient for this purpose in four ways. First, in previous
studies (Cardon et al. 1994; Siebke & Weis 1995), images
were taken at intervals of several minutes, yet these studies
found that many changes in fluorescence occurred on a
shorter time scale. This raises the question of whether
aspects of patch dynamics were missed in these relatively
under-sampled time courses. Second, some of the data are
complicated by the fact that the pattern of stomatal patches
can be different for the two surfaces of an amphistomatous
leaf (Mott, Cardon & Berry 1993). This is a problem
because in a thin amphistomatous leaf, the supply of CO2
to the mesophyll depends on diffusion through both surfaces (Mott & O’Leary 1983; Parkhurst et al. 1986; Mott
1988; Parkhurst & Mott 1990). Patterns of chlorophyll fluorescence will therefore reflect the sum of the conductances
of the two surfaces. It seems possible that at least some of
the complexity of patch behaviour observed in amphistomatous leaves arises from this effect. Third, the use of a
short high-intensity flash of light in capturing some types of
fluorescence images might plausibly affect (or even cause)
the observed pattern of stomatal conductance patches.
Finally, studies have shown that fluorescence patches can
sometimes be at least partially caused by changes in intrinsic photosynthetic capacity, which calls into question
whether the observed patterns of fluorescence are representative of stomatal patterns.
The purpose of this study was to characterize the temporal and spatial dynamics of stomatal patchiness, addressing
the four points discussed above. We addressed the problem
of undersampling by acquiring fluorescence images every
20 s. We examined patch dynamics for a single leaf surface
by providing CO2 to only one surface of an amphistomatous
leaf. We investigated the effect of regularly spaced high
intensity flashes of light on patch dynamics by acquiring
fluorescence images without the flashes, and comparing the
dynamics in the images to those acquired with the flashes.
Finally, to verify that the observed patterns of chlorophyll
fluorescence were caused by stomatal conductance patterns, we employed another non-destructive method for
observing spatial and temporal patterns of stomatal conductance over a leaf surface: infrared imaging (thermography) (Jones 1999).

MATERIALS AND METHODS
Plant material
Cocklebur (Xanthium strumarium L.) plants were grown in
1.0 L pots containing a soil-less medium consisting of peat,
perlite and vermiculite (1 : 1 : 1, by vol.). Plants were grown
in a controlled environment greenhouse with day and night
temperatures of 30 and 20 ∞C, respectively. When necessary,
day length was extended to 16 h with high-pressure sodium
lamps that provided a photon flux density (PFD) of approximately 1000 mmole m-2 s-1 at the top of the plants. Pots
were watered to excess daily with a dilute nutrient solution
containing 9.1 mM N, 1.8 mM P, 2.7 mM K, and 11 mM chelated Fe (Peter’s 20-10-20; Grace Sierra Horticultural Products Co., Milpitas, CA, USA). Plants used for experiments
were at least 6 weeks old, and the leaves chosen for use
were fully mature but not senescing.

Gas-exchange measurements
Gas-exchange measurements were made with a standard
open system that has been described previously (Mott
1988). Briefly, the system employed mass-flow controllers
to precisely mix CO2, O2, N2, and H2O vapour in the gas
supplied to the leaf chamber. The absolute concentration
of CO2 in the gas stream was measured using an infra-red
gas analyser (model MKIII; Analytical Development Co,
Hoddesdon, Herts., UK), and the absolute concentration
of H2O in the gas stream was determined with a dewpoint
hygrometer (Dew-10; General Eastern, Watertown, MA,
USA). Differences in CO2 and H2O concentrations in the
gas streams before and after the chamber were determined
using an infrared gas analyser (Model 6262; Li-Cor Inc.,
Lincoln, NE, USA). Measurements were made using two
different chambers. The first chamber (chamber 1)
enclosed a square area (2.54 cm ¥ 2.54 cm) of the leaf and
the gas in the chamber was stirred with three miniature
fans creating a boundary layer conductance for each surface of 3.33 mol m-2 s-1. For experiments involving thermal
imaging, a circular chamber (diameter = 2.54 cm) with a
clear top made of calcium fluoride (thickness = 0.5 cm)
was used. This material was transparent in the 2.5–3.5 mm
range used by the thermal camera. In this chamber (chamber 2), stirring was created from the inflow of the gas, and
the boundary layer conductance was 1.5 mol m-2 s-1. Major
veins were avoided when placing the chambers on a leaf.
In all cases, light was provided by a 300-W Xenon lamp
(ILC Technology, Sunnyvale, CA, USA), filtered to
remove wavelengths above 700 nm and delivered to the
leaf with a liquid light guide. The PFD between 400 and
700 nm incident on the leaf was approximately
1000 mmol m-2 s-1. For each experiment, the leaf was
allowed to reach steady state at an O2 concentration of
20 mmol mol-1, an H2O vapour concentration of
24 mmol mol-1 and a leaf temperature of 25 ∞C. This created a Dw for the leaf of approximately 12 mmol mol-1.
The CO2 concentration for the upper surface was maintained at 350 ± 5 mmol mol-1, while that for the lower sur-
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face was reduced until there was no CO2 exchange across
the lower surface. The concentration for the lower surface
varied among leaves and during the experiments, but it
was approximately 125 mmol mol-1, and it was approximately 10–20 mmol mol-1 less than the calculated intercellular CO2 concentration for the upper surface. H2O vapour
concentration was lowered to 14 mmol mol-1 for the upper
surface to initiate patchy stomatal conductance on that
surface.

Thermal and chlorophyll fluorescence imaging
Images of chlorophyll fluorescence for the leaf area in both
chambers were acquired with a peltier-cooled CCD camera
(Coolsnap HQ; Roper Scientific, Photometrics, Tucson,
AZ, USA), which provided 8-bit greyscale images that
were 512 pixels ¥ 512 pixels in size. The camera was fitted
with a 18–108 mm zoom lens and a 700-nm high pass filter.
Images of fluorescence at the actinic light level (F¢ images)
were taken every 20 s in all experiments. In some experiments, images were also taken every 180 s during a 1-s flash
of light at a PFD of 4000 mmol m-2 s-1 (Fm¢ images). Fm¢
images were acquired using an exposure time that was 25%
of that for the F¢ images. Thus, fluorescence yield per
absorbed photon was comparable for the two types of
images. Images representing 1 - F¢/Fm¢ were created using
pixel-by-pixel division of the images, and the resulting pixel
values were scaled between 0 and 255. To make these
images more visually comparable to the thermal images
(i.e. so that areas of high conductance were dark), the greyscale values were inverted by subtracting each pixel intensity value from 255.
Thermal images of the leaf area in chamber 2 were
obtained using a cryogenically cooled, midwave, infrared
imaging camera (Model SBF125; Santa Barbara
Focalplane, Santa Barbara, CA, USA) that was fitted with
a 2.5–3.5 mm bandpass filter and a 50-mm F2.3 germanium
lens. The camera had a noise-equivalent DT of 0.01 K.
Eight-bit greyscale images containing 320 pixels ¥ 256 pixels were acquired every 20 s. The camera was calibrated at
20 and 30 ∞C for each experiment using a Peltier-controlled
blackbody calibration source (model SR-80; CI Systems,
Inc, Westlake Village, CA, USA). The spread of 256 greyscales over a 10 K range provided a thermal resolution of
0.04 K. The emissivity of the leaf was assumed to be 1.0.
To compare thermal and fluorescence patterns for the
leaf area in chamber 2, it was necessary to image the leaf
with both cameras simultaneously, which meant that the
images could not be taken from exactly the same angle. The
slightly different angles for the two cameras made it difficult to exactly identify the same area of the leaf in the two
types of images. This problem was exacerbated by the fact
that the images had different pixel densities. Equivalent
regions of the leaf in the two image types were identified
by establishing a known reference point (i.e. the intersection of two major veins) as an origin and mapping the pixels
in the two images by their horizontal and vertical distance
from that origin. This was done using image processing

software (Image Pro Plus, Media Cybernetics, Inc., Silver
Spring, MD, USA) and did not involve distortion of each
image.

Correlation analysis
To show quantitatively that the dynamic patterns of chlorophyll fluorescence and leaf temperature were similar, a
correlation analysis was performed. Pixel intensity was
averaged over an area of approximately 2.3 mm ¥ 2.3 mm
for equivalent regions of both fluorescence and thermal
images. This area contained approximately 800 stomata on
the upper surface. The resolution of the images was slightly
different for each experiment because of differences in
camera position, but on average this area was 21 pixels ¥ 21
pixels in the thermal images, and 43 pixels ¥ 43 pixels in the
fluoresence images. This area contained sufficient pixels so
that random noise at the pixel level was largely eliminated,
but it was small enough to capture the dynamics of a single
patch. Twenty of these areas were chosen, avoiding major
veins, and average pixel intensities were calculated for
approximately 1000 images in a time series. The Pearson
cross-correlation coefficient was then calculated for the
average pixel intensity of the boxed regions of the fluorescence images and the thermal images.

RESULTS
To begin each experiment, a leaf was brought to steady
state with Dw = 10 mmol mol-1 for both surfaces but with
CO2 supplied only through the upper surface as described
in Methods and Materials. Fluorescence images, both F¢
and 1 - F¢/Fm¢, and thermal images of leaves under these
conditions were essentially homogeneous.
To initiate stomatal patchiness, Dw for the upper surface
was raised to 22 mmol mol-1, but maintained at 12 mmol
mol-1 for the lower surface. Following this treatment, stomatal conductance for the upper surface (as measured by
gas exchange) declined, whereas that for the lower surface
remained approximately constant. The dynamics of the
decline in conductance for the upper surface varied from
experiment-to-experiment despite attempts to exactly
replicate the experimental conditions. We performed 43
experiments with fluorescence imaging, using chamber 1.
In 28 of these experiments, stomatal conductance declined
over a period of 20–40 min and then became stable at a
lower value. In 13 of these 28 experiments, fluorescence
images were briefly heterogeneous as conductance declined
but became homogeneous when conductance became
stable. In the other 15 of these 28 experiments, however,
conductance took longer than 40 min to become stable and
fluorescence heterogeneity persisted. The duration of
instability varied among experiments, and during these
extended periods of fluorescence heterogeneity, we were
able to capture long sequences of fluorescence images.
Some of these sequences showed remarkable dynamics.
Two time-lapse movies (WebMovie1.avi and WebMovie2.avi) of these dynamics (one of F¢ images and one
of 1 - F¢/Fm¢ images) are available at the journal’s website
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(http://www.blackwellpublishing.com/pce). Both movies
represent 6 h of data compressed into about 15 s.
To test whether the remarkable heterogeneity in fluorescence observed in the above experiments was representative of heterogeneity in stomatal conductance rather than
in some other aspect of the photosynthetic machinery, we
conducted six experiments in which fluorescence and thermal images were captured simultaneously. In four of the six
experiments, fluorescence and thermal images were spatially uniform or showed only short-lived patches. In the
other two experiments, dynamic patches in the fluorescence
and thermal images developed approximately 20 min after
the change in Dw and persisted for several hours. In both
of these experiments, thermal images and F¢ images were
acquired every 20 s to be sure that all stomatal dynamics
were captured. In one experiment, Fm¢ images were also
acquired every 3 min for calculation of 1 - F¢/Fm¢ images.
This was done to examine the possible effect of the highintensity flashes of light, necessary to obtain Fm¢ images, on
stomatal dynamics
To verify that there was no cross sensitivity between the
fluorescence camera and the thermal camera, we perturbed
fluorescence independently of leaf temperature by lowering ambient CO2 (ca) for the upper surface from 350 to
0 mmol mol-1 in a step change. We then captured fluorescence and thermal images of the leaf 30 s after the change

PI = 99.5, T=23.9 oC

PI = 212.3

PI = 211.4

PI= 119.1, T=24.7 oC
30 oC

20 oC

humidity lowered
30 oC

20 oC
PI = 212.7

PI = 92.7, T=23.6

oC

Figure 2. Simultaneous fluorescence (F¢) and thermal images

before, and 30 s after, increasing Dw from 12 to 22 mmol mol-1. The
left and right columns are fluorescence and thermal images,
respectively. PI represents the average pixel intensity for the
images. For the fluorescence images, PI remained essentially
unchanged after the humidity perturbation. The thermal images,
however, showed a decrease in PI, corresponding to a decrease in
the average leaf temperature from 24.7 to 23.6 ∞C. This agreed well
with the thermocouple measurements, which decreased from 25.0
to 23.9 ∞C.

30 oC

20 oC

CO2 removed
30 oC

20 oC
PI = 254.6

PI = 100.4, T=23.9 oC

Figure 1. Simultaneous fluorescence (F¢) and thermal images
before, and 30 s after, lowering ambient CO2 (ca) for the upper
surface from 350 to 0 mmol mol-1. The left and right columns are
fluorescence and thermal images, respectively. PI represents the
average pixel intensity for the images. These images showed a twofold increase in PI for the chlorophyll fluorescence images but
essentially no change in PI for the thermal images. Thermocouple
measurements of leaf temperature also showed no effect of this
treatment on leaf temperature.

in [CO2]. This period of time was too short for stomata to
respond, but long enough for the decreased availability of
CO2 to influence chlorophyll fluorescence. These images
showed a two-fold increase in chlorophyll fluorescence but
no change in leaf temperature (Fig. 1). Thermocouple measurements of leaf temperature also showed no effect of this
treatment on leaf temperature. To change leaf temperature
independently of chlorophyll fluorescence we increased the
Dw for the leaf from 12 to 22 mmol mol-1 and captured
fluorescence and thermal images 30 s after the change in
Dw. This period of time was too short for stomata to
respond, but long enough for the increased rate of evaporation to affect leaf temperature. Thermal images showed
a decrease in pixel intensity (Fig. 2) corresponding to a
decrease in the average leaf temperature from 24.7 to
23.6 ∞C. This agreed well with leaf temperature as measured
by the thermocouple, which decreased from 25.0 to 23.9 ∞C.
Fluorescence intensity, however, was unaffected by this
treatment (Fig. 2).
Sequences of fluorescence and thermal images were compared with one another to determine if there were differences in the spatial and temporal patterns of the patches.
The first type of comparison made was visual. Fluorescence
and thermal images taken at the same time were displayed
side by side and compared. Figure 3 shows F¢, 1 - F¢/Fm¢,
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F¢

1 – F ¢/Fm¢

thermal
24.8 oC

22.2 oC
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22.7

Figure 3. Simultaneous F¢, 1 - F¢/Fm¢, and
oC

20.0 oC
24.8 oC

23.4 oC

20.0 oC

and thermal images for three time points during the experiment shown in WebMovie4.avi. Although the fluorescence
and thermal images are clearly not identical, the similarity
between the two images at any time is striking. This similarity is better shown by the time-lapse movies of thermal
and fluorescence images side-by-side (WebMovie3.avi and
WebMovie4.avi, available at http://www.blackwellpublishing.com/pce). In both movies, 3 s represents approximately
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1 h of data. The thermal and fluorescence movies were
acquired separately and then sized similarly so that they
could be placed side by side for comparison.
Comparison of F¢ images with 1 - F¢/Fm¢ images reveals
that in the experiments reported in this study, most of the
heterogeneity in fluorescence was contained within the F¢
images (Fig. 3, compare left two columns). To quantify the
similarities among thermal, F¢ and 1 - F¢/Fm¢ images, we
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Fluorescence pixel intensity

Temperature
(°C)

28.0

thermal images (columns, left to right) for
three time points during one experiment.
(Greyscale pixel values were inverted for
1 - F¢/Fm¢ images to make them easier to
compare to thermal images.) The
temperature scale to the right of the
thermal images was scaled for the 255 greyscale thermal images between 20.0 and
24.8 ∞C. The bold numbers to the right of
the scale are the average temperatures
calculated from each thermal image.
Images were taken at 5, 30 and 180 min
after Dw was increased for the upper
surface. The circular leaf area shown has a
diameter of 2.54 cm, which includes
approximately 100 000 stomata.

Figure 4. Average pixel intensity versus
time for 2.3 mm ¥ 2.3 mm regions of F¢ and
thermal images. The temperatures
corresponding to the thermal pixel values
are given by the outside left axis. The two
panels show different regions from the
same experiment, and the complete dataset
is shown in WebMovie3.avi (web only
data). The regions were selected based on
the richness of their dynamics. The Pearson
correlation coefficients between F¢ and
thermal pixel intensity were 0.775 and 0.756
for the top and bottom panel, respectively.
Both values are significant at P < 0.01.
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plotted the average pixel intensity of 20 of the
2.3 mm ¥ 2.3 mm regions against time for all three types of
images. Many of these areas had low activity in both thermal and fluorescence images, but Fig. 4 shows data for four
areas with high activity. Figure 4 shows data for an experiment in which only F¢ images were captured, and Fig. 5
shows data from an experiment in which 1 - F¢/Fm¢ images
were calculated. Pixel intensities of Fm¢, 1 - F¢/Fm¢ and thermal images were highly correlated, as indicated by the correlation coefficients given in the captions.
Although the behaviour of stomatal conductance patches
was highly unpredictable, some areas exhibited repetitive
behaviour (see Figs 4 & 5). In many cases, however, close

0.3

Figure 5. Average pixel intensity versus

time for 2.3 mm ¥ 2.3 mm regions of F¢, 1 F¢/Fm¢, and thermal images. The
temperature corresponding to the thermal
pixel value is given by the outside left axis,
and the FPSII value corresponding to the 1 F¢/Fm¢ pixel value is given by the outside
right axis. The two panels show different
regions from the same experiment. The
regions were based on the richness of their
dynamics. The Pearson correlation
coefficients between Fm¢ and 1 - F¢/Fm¢ data
were 0.860 and 0.859 for the top and bottom
panels, respectively. For Fm¢ and thermal
data, they were 0.728 and 0.685 for the top
and bottom panels, respectively. For 1 - F¢/
Fm¢ and thermal data, the coefficients were
0.892 and 0.917 for the top and bottom
panels, respectively. All correlations were
significant at P < 0.01.

examination of time-lapse movies showed that this repetitive behaviour was the result of circulating movement of
coherent patches across the leaf. The movement of these
fluorescence patches can be seen clearly in the time-lapse
movies (WebMovies 1–4), but it is difficult to discern from
still images. In an attempt to capture these dynamics in still
images, we created difference images in which pixels that
increase in intensity over a period of 1 min are shown as
red, and pixels that decrease are shown as yellow. Pixels
that do not change are black. Figure 6 shows a series of
these difference images, calculated from 1 - F¢/Fm¢ and
thermal data, in which a region of increasing pixel intensity
moves upwards in three images 40 s apart.

fluorescence

Figure 6. Coherent movement of

thermal

stomatal conductance patches.
Fluorescence (top row) and thermal
(bottom row) images were coloured
according to stomatal conductance trends.
To produce the images shown, images 1 min
apart were compared. If the pixel intensity
increased by more than 10 units over this
time, it was coloured red. If it decreased by
more than 10 units, it was coloured yellow.
If the pixel changed less than 10 units, it was
coloured black. The three images shown are
40 s apart, and the area shown in the figure
is approximately 0.49 cm2. The tracing
shows the movement of the red patch,
which contained approximately 2000
stomata and moved at approximately
20 mm s-1.
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DISCUSSION
In this study, we visualized stomatal patchiness for a single
surface of Xanthium strumarium leaves using images of
chlorophyll fluorescence. Although Xanthium is amphistomatous, its leaves are sufficiently thin and porous that CO2
can be supplied to the entire mesophyll from only one
surface (Mott & O’Leary 1983; Parkhurst et al. 1986; Mott
1988; Parkhurst & Mott 1990). In this study, ci values were
lower than would typically be reported for C3 leaves. This
was caused by two factors: the low O2 concentrations, which
produced a high photosynthetic rate without a concomitant
increase in stomata conductance, and the fact that CO2 was
supplied only through the upper surface. Our results using
this technique are similar to previous studies using similar
methods (Mott & O’Leary 1983; Parkhurst et al. 1986; Mott
1988; Parkhurst & Mott 1990), and we conclude that in our
experiments, photosynthesis, and therefore chlorophyll fluorescence, was dependent primarily on the supply of CO2
through the stomata on the upper surface.
We used both F¢ and 1 - F¢/Fm¢ images to quantify fluorescence heterogeneity in this study. (We inverted the greyscales of the 1 - F¢/Fm¢ images so that they would be visually
more comparable with the thermal images.) The quantity
1 - F¢/Fm¢ has been shown to be proportional to the quantum yield of PSII (Genty, Briantais & Baker 1989), and
several previous studies on fluorescence heterogeneity
have used images calculated from this quantity (Genty &
Meyer 1994; Meyer & Genty 1998). However, the use of a
high-PFD flash to create the Fm¢ image creates limitations
in the acquisition and interpretation of fluorescence data.
First, the frequency with which Fm¢ images can be safely
captured is limited because of potential effects of the highPFD flash on the photosynthetic machinery (Maxwell &
Johnson 2000). For many studies this is not a problem, but
in this study we were interested in acquiring detailed time
courses for fluorescence images, and it was important to
sample frequently enough that aspects of the dynamics
were not missed. Second, although sufficiently infrequent
high-PFD flashes may have little effect on the photosynthetic machinery, their effects on stomatal conductance are
less clear. It is possible that the dynamics of fluorescence
heterogeneity observed in this study and others were
caused by or reinforced by the regularly spaced high-PFD
flashes.
Examination of images from experiments with both F¢
and 1 - F¢/Fm¢ images revealed that complex temporal and
spatial fluorescence patterns were present in experiments
with or without Fm¢ images, and that most of the fluorescence heterogeneity in the 1 - F¢/Fm¢ images was present in
the F¢ images (see Fig. 3). In addition, there were no rapid
changes in fluorescence time series or time lapse movies
that were obvious in the F¢ images that were not evident in
the 1 - F¢/Fm¢ images. Although we have no way of unequivocally determining if the fluorescence patterns in the
absence of the flashes were exactly the same as would have
occurred in the presence of flashes, comparison of data
from the two types of experiments revealed no obvious

differences. We conclude that the existence of the fluorescence patterns was not the result of regular flashes of light
necessary to capture time sequences of 1 - F¢/Fm¢ images.
We also conclude from these experiments that 1 - F¢/Fm¢
images, when taken at 3 min intervals, captured most of the
temporal dynamics in the fluorescence patches.
Interpretation of fluorescence images in terms of stomatal conductance requires several assumptions. If oxygen
concentrations are kept low, the quantum efficiency of photosystem II (FPSII), which can be determined from fluorescence measurements (Genty et al. 1989; Genty & Meyer
1994), reflects primarily electron transport to CO2. If PFD
and such processes as electron flow through the Mehler
reaction or towards nitrate reduction are constant, the
quantum yield of photosystem II is uniquely related to the
rate of CO2 fixation. It can then be argued that the primary
determinant of CO2 fixation rate is CO2 supply through the
stomata, and therefore heterogeneity in fluorescence
should reflect heterogeneity in stomatal conductance. Similarly, non-photochemical fluorescence quenching processes are induced at low values of ci, and the degree of
non-photochemical quenching can also be approximated
using fluorescence images (Daley et al. 1989; Cardon et al.
1994).
Thus, interpretation of either FPSII images or images of
non-photochemical quenching in terms of stomatal conductance relies on the assumption that there are no intrinsic
changes in the photosynthetic machinery. Several studies
have called this assumption into question, however. Heterogeneity in 14CO2 assimilation (Wise et al. 1992) and in
chlorophyll fluorescence (Osmond, Kramer & Luttge
1999), produced by severe water stress, could not be
relieved by high CO2, suggesting that changes in mesophyll
capacity for photosynthesis were responsible for some of
the non-uniformities. Similarly, heterogeneity in chlorophyll fluorescence during photosynthetic induction (Bro,
Meyer & Genty 1996) and in response to ABA (Meyer &
Genty 1999) has been shown to be partly metabolic in
origin. These results raise the question of whether the complex patterns of chlorophyll fluorescence that we observed
were really caused by patterns of stomatal conductance or
whether heterogeneity in other metabolic parameters
might be at least partially responsible.
To address this question we imaged chlorophyll fluorescence and leaf temperature simultaneously. We could
detect no cross-sensitivity between the fluorescence and
thermal cameras (Figs 1 & 2). Visualization of conductance
patterns for only the upper surface with thermography was
accomplished by maintaining a small Dw for the lower surface while increasing the Dw for the upper surface.
Although it is unlikely that conductance patches formed on
the lower surface in these experiments because there was
no change in the gas-exchange measurements for that surface, any patches that might have formed on the lower
surface would have had only a minimal effect on leaf temperature because Dw for the lower surface was small (a low
Dw reduces the effect of stomatal conductance on transpiration and therefore on leaf temperature). These consider-
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ations make it likely that the patterns recorded by the
thermal camera were primarily the result of stomatal conductance patterns for the upper surface.
In comparing the thermal and fluorescence images
shown in Figs 3 and 6, and the pixel intensity time series
shown in Figs 4 and 5, it is important to recognize that even
if all changes in fluorescence leaf temperature were caused
by stomatal conductance, the two sets of images would not
be identical because neither technique provides an exact
map of stomatal conductance. For example, even for stomatal patches with ‘sharp’ edges (i.e an abrupt transition
from wide open to closed stomata), both fluorescence and
thermal images would show blurred edges. The fluorescence images will be blurred by lateral CO2 diffusion within
the leaf, which will depend on the internal anatomy of the
mesophyll. Similarly, the edges of the patches in the thermal images will be blurred as heat flows from the warmer
to the cooler portions of the leaf (Jones 1999). In addition,
the pixel resolution of the thermal camera was considerably
less than that of the fluorescence camera, and this made
direct comparison of pixel intensities for a given region of
the images impossible. Because of this, the 2.3 mm ¥
2.3 mm regions of comparison (Figs 4 & 5) contained different numbers of pixels and were not exactly the same size.
Despite these inherent limitations, the thermal and fluorescence patterns in this study were remarkably similar
both visually and statistically, and we were unable to detect
any consistent differences between the two sets of images.
These data therefore suggest that the dynamic patterns in
chlorophyll fluorescence observed in this study were caused
primarily by patterns in stomatal conductance. It remains
possible that subtle changes in chlorophyll fluorescence
were caused by other factors, as has been suggested by
other studies (Wise et al. 1992; Bro et al. 1996; Meyer &
Genty 1999; Osmond et al. 1999), but the dynamics and
overall patterns of stomatal conductance appear resolvable
with chlorophyll fluorescence images.
In summary, we acquired fluorescence and thermal
images of stomatal patchiness for a single surface of a leaf
at sufficiently short time intervals to unambiguously track
the dynamics of the patches. These experiments revealed
the presence of stomatal conductance patches that
appeared to move coherently across the leaf surface. These
patches resemble in many ways a self-propagating solitary
wave, or ‘soliton’. In many cases, these solitons moved
through specific regions of the leaf repeatedly and at regular intervals. This appeared as oscillatory behaviour when
these regions were viewed in isolation (Figs 4 & 5).
Although we are not suggesting that all oscillatory behaviour in stomata can be attributed to this phenomenon, the
repeated movement of these solitons caused at least some
of the apparent oscillatory behaviour in our experiments.
The presence of these coherent, moving patches places constraints on the mechanisms that can be considered for the
formation of patches. In addition, computer simulations of
locally connected networks show that the presence of
coherent propagating structures can be associated with
some forms of emergent behaviour, including computation

(Crutchfield & Mitchell 1995). The presence of these structures in stomatal dynamics may have important ramifications for the interpretation of stomatal behaviour in intact
leaves (Peak et al. 2004).
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